Metabolic engineering has made substantial contributions to the rational improvement of strains for industrial applications. Traditionally, enzymatic steps closely associated with the productforming pathway have been engineered to prune side reactions and eliminate kinetic bottlenecks [1] [2] [3] [4] . However, other, so-called distal genes may also affect production in a profound way owing to (often unknown) kinetic and regulatory effects. Inverse metabolic engineering (IME) emerged as an approach to identify such distal genetic factors. IME uses combinatorial methods whereby libraries are constructed harboring random genetic variants of the host or other strains; cells with superior properties are selected; and genetic inserts affecting the superior phenotype are characterized 2 . Though many strategies can be deployed in library construction, broad applicability of IME to strain improvement for overproduction of secreted metabolites is severely limited by the lack of high-throughput methods for selecting strains with substantially improved metabolite secretion or uptake rates 1, 5 .
A r t i c l e s
Metabolic engineering has made substantial contributions to the rational improvement of strains for industrial applications. Traditionally, enzymatic steps closely associated with the productforming pathway have been engineered to prune side reactions and eliminate kinetic bottlenecks [1] [2] [3] [4] . However, other, so-called distal genes may also affect production in a profound way owing to (often unknown) kinetic and regulatory effects. Inverse metabolic engineering (IME) emerged as an approach to identify such distal genetic factors. IME uses combinatorial methods whereby libraries are constructed harboring random genetic variants of the host or other strains; cells with superior properties are selected; and genetic inserts affecting the superior phenotype are characterized 2 . Though many strategies can be deployed in library construction, broad applicability of IME to strain improvement for overproduction of secreted metabolites is severely limited by the lack of high-throughput methods for selecting strains with substantially improved metabolite secretion or uptake rates 1, 5 .
Fluorescence-activated cell sorting (FACS) has the ability to sort large numbers of cells. Typically, single cells from a bulk culture are measured based on a fluorescent reporter that is linked to the conditions of either the intracellular space or the surface of the cell. Although FACS is a powerful technique, its use is limited to a certain class of problems where the metabolite of interest is not secreted by the cell. FACS cannot be used to identify clones that overproduce extracellular metabolites such as lactate or xylitol, because the metabolites in a bulk culture have lost their association with the cells. Thus, it is important to develop an approach that can examine problems that FACS does not address. Many of those problems are industrially important, especially in the context of metabolic engineering, as substrates and many interesting products are by their very nature extracellular. Even for products that are intracellular, there are substantial efforts in the research community to engineer microorganisms to secrete these products to relieve stress on the cell caused by toxicity and to increase the ease of separation of the desired product [6] [7] [8] . In this context, we developed an approach that is ideally suited to help these researchers identify hyperproducers that are further engineered to secrete molecules of interest.
This limitation of selecting for strains based on extracellular metabolite levels can be addressed by compartmentalizing clonal populations in separate wells in a microtiter plate. In this system, the concentration(s) of the metabolite(s) of interest can be measured and used to select strains 9 . However, this method is laborious, expensive, low-throughout and poorly suited for the improvement of strains for the production of fuel and chemical products by screening large (≥10 4 unique clones) mutant libraries. Automation through the use of colony pickers and liquid handling robots increases the throughput to 10 4 clones/day but cannot handle larger libraries unless multiple machines are used in parallel. Furthermore, both colony pickers and liquid handling systems cost hundreds of thousands of dollars and have a large footprint. These cost and space issues are further exacerbated when using multiple machines.
Thus, it would be preferable to use a higher-throughput method that also addresses these issues. Several such high-throughput encapsulation methods have been reported. Gel microdroplet technology was developed to measure extracellular metabolite levels for Phenotyping single cells based on the products they secrete or consume is a key bottleneck in many biotechnology applications, such as combinatorial metabolic engineering for the overproduction of secreted metabolites. Here we present a flexible high-throughput approach that uses microfluidics to compartmentalize individual cells for growth and analysis in monodisperse nanoliter aqueous droplets surrounded by an immiscible fluorinated oil phase. We use this system to identify xylose-overconsuming Saccharomyces cerevisiae cells from a population containing one such cell per 10 4 cells and to screen a genomic library to identify multiple copies of the xylose isomerase gene as a genomic change contributing to high xylose consumption, a trait important for lignocellulosic feedstock utilization. We also enriched l-lactate-producing Escherichia coli clones 5,800× from a population containing one l-lactate producer per 10 4 d-lactate producers. Our approach has broad applications for single-cell analyses, such as in strain selection for the overproduction of fuels, chemicals and pharmaceuticals.
A r t i c l e s individual cells, but it produces gel containers that vary greatly in size 10 . Because the metric for screening IME libraries is a metabolite concentration, variation across the library is generally small (e.g., less than a factor of two). Thus, a minimal variation in droplet size is critical for the success of a high-throughput screening system. Droplet emulsion technology provides a similar method for compartmentalizing clones by placing them individually in aqueous droplets surrounded by an immiscible oil phase and has improved the activity of enzymes produced by cells or in vitro translation 11, 12 . Creating the emulsion with a homogenizer also produces substantial variations in droplet volume. Thus in a previous application of this technology, only libraries with a great deal of diversity could be screened 13 . In contrast, using microfluidics can produce droplet size distribution variations as small as 3% (ref. 14) . Furthermore, droplet sizes of a nanoliter or less can be produced. The use of low-volume droplets increases the measurement sensitivity because the concentration change inside the droplet is larger. Microfluidics also facilitates droplet merging, analysis, fluorescence detection and sorting [15] [16] [17] [18] . Integrating these functions into a single device provides several advantages. The assay reagents are added to the cell-containing droplets after cell culturing, which allows the cells to be cultured in the same media as they would be in a shake flask, instead of being cultured in a mixture of media and assay chemicals. The consumption of a media component can be measured as well.
RESULTS

Microfluidic screening and assay system
Our flexible, integrated, high-throughput screening system encapsulates cells in monodisperse, nanoliter-volume, aqueous droplets surrounded by an immiscible fluorinated oil phase. The system then cultures the cells, mixes the contents of the cell-containing droplets with fluorescent enzymatic assay reagents, measures the resulting fluorescence and sorts the droplets based on that measurement (Fig. 1, Supplementary Note 1, Supplementary Figs. 1-4 and Supplementary Movies 1-4) .
The number of cells placed in droplets follows a Poisson distribution, which is dependent on the incoming cell density ( Supplementary  Fig. 5 ). The latter can be manipulated to ensure the encapsulation of one cell in approximately every two to three droplets, thereby minimizing the number of droplets with more than one cell (and thus the number of false-positive events) and ensuring that the number of droplets with single cells is high enough to support sufficient throughput. The sorting system has been designed to have negligible false negatives, and the false-positive rate is 2.5% (Supplementary Note 2 and Supplementary Table 1) .
The high-throughput screening system is flexible because any fluorescent assay system can be used to measure the concentration of the metabolite of interest. The assay described in this paper is based on an oxidase enzyme/horseradish peroxidase/Amplex UltraRed system and allows for the use of any oxidase enzyme (tunable to the target metabolite) 19, 20 In this reaction, the amount of fluorescent resorufin produced is proportional to the concentration of the metabolite of interest in solution.
The assay reaction starts when a cell-containing droplet coalesces with an assay droplet.
Enriching populations for high xylose-consuming strains We used our system to identify high xylose-consuming strains of S. cerevisiae. The consumption of xylose was chosen for the demonstration of this system because of its relevance to biofuels research. Lignocellulosic feedstocks, such as corn stover, contain a substantial amount of xylose 21 . However, S. cerevisiae, which readily converts glucose to ethanol, cannot naturally ferment xylose. As a result, engineering an S. cerevisiae strain that readily assimilates xylose is a critical step in the full utilization of lignocellulosic feedstocks and the development of economically viable bioethanol processes based on renewable resource utilization [22] [23] [24] . A high-throughput screening method is an important tool for identifying these strains. First, we sought to establish that the fluorescence distributions of droplets encapsulating yeast cells with varying xylose-assimilation capabilities were sufficiently different to allow such droplets to be efficiently sorted. To this end, we chose two strains of S. cerevisiae, H131 and TAL1. H131 is the higher xylose-consuming strain (Supplementary Fig. 6 ). Both strains contain the Scheffersomyces stipitis genes XYL1, XYL2 and XYL3, which code for the xylose reductase, xylose dehydrogenase and d-xylulokinase enzymes, respectively. The addition of these enzymes and the overexpression of the native TAL1 gene, which codes for a transaldolase enzyme in the pentose phosphate pathway, allow the cells to utilize xylose. In addition, H131 overexpresses several additional pentose phosphate pathway genes, which ensure that the additional flux from the utilization of xylose is diverted toward the glycolytic pathway 25 .
The two individual strains were cultured separately in droplets, and we used a fluorescence assay based on the pyranose oxidase enzyme to detect xylose (Supplementary Note 3 and Supplementary Figs. 7 and 8) 26 . Fluorescence distribution data were measured at various time points using biological replicates. Representative distributions from the H131 and TAL1 strains after 2 d of culturing are shown in Figure 2a . The bimodal distribution is expected, with the higher 3-nl droplets formed in this device are collected in a syringe that provides a microaerobic environment when capped. The syringe is placed in an incubator for cell culturing. After culturing for a predetermined amount of time, droplets from the incubated syringe are reinjected into a second device (lower panel) where they are combined with another set of droplets containing fluorescent enzymatic assay reagents. After droplet coalescence, the resulting droplets flow through channels for 30 s to allow the assay reaction to proceed. The extracellular concentration of the metabolite of interest is quantified by measuring the droplet fluorescence with a laser/photomultiplier tube system. Based on this measurement, droplets are sorted into one of two channels. This system as currently configured can screen ~1 to 2 clones per second so that 10 4 clones can be screened in less than 3 h. Fig. 2b) . The ratio of H131-to TAL1-containing droplets in these ranges was also calculated and found to be as high as 25 (Fig. 2b) . This ratio is an estimate of the enrichment in H131 cells that would be obtained in the outgoing population if the incoming population contained equal cell concentrations of the two strains and droplets were perfectly sorted based on these ranges. Analysis of similar data obtained at different time points shows that the percentage of droplets in the 0-0.6 fluorescence intensity range increased in both strains with time, but the enrichment decreased after 2 d, presumably owing to an already high depletion of xylose in the H131-containing droplets (Fig. 2c) .
Next we tested whether the microfluidic assaying-sorting device was capable of enriching the H131 cell population by screening an incoming cell population comprising equal proportions of the H131 and TAL1 strains. This mixture was cultured on xylose for 2 d, and the resulting cell-containing droplets were screened for low xylose content using the microfluidic device. The difference in the auxotrophic markers for the two strains was used to determine the contents of the sorted droplets (Supplementary Note 5 and Supplementary Figs. 10-13) . The H131 strain does not grow on leucine-deficient media, whereas TAL1 does. As a result, the sorted population was grown on two types of agar plates, one with leucine and another without. After culturing, we counted the number of colonies on each type of plate. The TAL1 colony forming units (CFU) parameter was the number of colonies on the leucinedeficient plates, whereas the H131 CFU was calculated by subtracting the number of TAL1 colonies from the total number of colonies on the leucine plates. The fluorescence data from two screening experiments (carried out with sorting gates of 0-0.6 and 0-0.7) are shown in Figure 3a . For the two fluorescence gates used for droplet sorting (0-0.6 and 0-0.7), H131 enrichments of 18× and 22× were obtained, respectively (Fig. 3b) . H131 enrichment due to the cell growth difference between the two strains was only 2.8×, which is substantially lower than the total enrichments observed.
Actual cell libraries typically contain a very low number of desired cells in the overall cell population. Hence, two test libraries with incoming desired (H131) to undesired (TAL1) cell population ratios of 1:1,000 and 1:10,000 were screened so that droplets having fluorescence intensities in the range of 0-0.7, which should contain a substantially larger proportion of the desired H131 cells, were sorted into one bin. A target final population ratio of 1:2.5 was defined (meaning that randomly selecting five clones should assure recovery of an H131 cell). This target was achieved after only one round of screening with the 1:1,000 library. Two rounds were necessary to screen the 1:10,000 library. The sequence for one round of screening involved four stages: a preculture of the incoming cells, a shake flask culture grown into early exponential phase, droplet encapsulation of cells and selection of droplets with low xylose concentrations. The one round of screening enriched the 1:1,000 library by 420×, and two rounds enriched the 1:10,000 library by 42,600× (Fig. 3c) . These results are in line with the enrichment experiments summarized in Figure 3b .
Screening a yeast genomic DNA library for high xylose consumption As we have shown the ability to enrich for high xylose-consuming populations, our next test was to screen a genetic library. The library we screened was generated to determine the nature of the genetic modification(s) underlying the superior xylose uptake performance that some strains acquired as a result of the evolution, under proper selection pressure, in series culturing or continuous cultivation experiments. The H131-A31 strain used in this experiment is similar to H131 with one important exception: instead of the XYL1 and XYL2 genes, it contains the Piromyces sp. E2 XYLA gene encoding a xylose isomerase enzyme to convert d-xylose to d-xylulose 24 . This strain initially exhibited negligible growth and xylose consumption rates. After several months of evolution through growth and serial subculturing, we obtained strain H131E-A31; this strain exhibited high growth (µ ~ 0.2 h −1 ) and high xylose consumption rates (14 g/liter in 2 d) when cultured microaerobically in a shake flask with an initial 20 g/liter xylose concentration (Supplementary Figs. 14 and 15) . Other groups have also used similar strategies to generate S. cerevisiae strains that can consume xylose at high rates by evolving cells containing a Piromyces sp. E2 xylose isomerase gene insertion 23 . However, the origin of improved strain performance with respect to xylose assimilation has been largely 
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A r t i c l e s unknown. Genome sequencing has been used in prior attempts to decipher the nature of genetic modification(s) underlying the improvements obtained by this evolutionary engineering 27, 28 . However, not all of the identified mutations are known to affect the cell growth and xylose utilization until each mutation is tested individually. To identify the genetic elements responsible for the improved performance of the H131E-A31 strain, we used our system to screen H131-A31 cells transformed with a library of 10 5 genomic clones from H131E-A31. The library was constructed such that each insertion had a high probability of containing at least one open reading frame. Assuming that a single mutation, rather than a combination of multiple mutations, is sufficient to yield cells with an improved xylose assimilation rate, it should be possible to isolate a mutant harboring a single genomic fragment by screening the cell population transformed with the library using our system 29 . After one round of screening where the cells were cultured for 70 h in 5 g/liter xylose, five clones were grown microaerobically in shake flasks. Mutant W2 was isolated as the one with the highest xylose consumption rate. We calculated the cumulative xylose consumption over the course of 4 d for strain H131-A31, transformed with an empty plasmid (control); mutant W2; and strain H131-A31, with the plasmid isolated from mutant W2 (retransformed W2) when cultured in media with 5 g/liter xylose (Fig. 4a) . Biological replicates were used in these measurements. The retransformed W2 strain consumed 2.6 g/liter xylose after 4 d of culturing compared with 4.7 g/liter for mutant W2, suggesting that a background genomic mutation, in addition to the presence of the plasmid, also contributed to the phenotype of the W2 mutant. However, both mutants consumed more xylose than did the control, confirming a mutation on the plasmid that provided a benefit over the control.
The sequencing and restriction enzyme digest analysis determined that the plasmid isolated from the W2 strain contained three full copies of the XYLA gene construct flanked by truncated XYLA sequences (Fig. 4b) 29 . Quantitative PCR was performed to determine the number of copies of XYLA in the H131-A31 and H131E-A31 strains. There were 1.3 ± 0.3 copies in H131-A31 and 47.9 ± 9.0 copies in H131E-A31 normalized to the copies of the phosphoglycerate kinase (PGK) gene, which confirmed the increased number of copies of XYLA after evolution. The xylose isomerase gene catalyzes the conversion of d-xylose to d-xylulose, which initiates xylose assimilation by the cell. Additional copies of XYLA would allow for increased xylose uptake and cell growth. As the original H131-A31 strain did not grow well on xylose, the selection pressure of having xylose as the sole carbon source in the medium led to the enrichment of cells harboring increased copies of XYLA (because of the growth advantage that such cells would enjoy in this medium). As these multiple copies of XYLA were linked, they were created through the naturally occurring process of tandem gene duplication where recombination occurs between two sites owing to unequal crossing over. The pRS426 plasmid from the H131-A31 strain contained not only the XYLA gene flanked by a promoter and terminator but also S. stipitis XYL3 with identical flanking regions. These homologous flanking regions would allow tandem gene duplication to occur during DNA replication 30 .
Screening for l-lactate-producing cells
Our results demonstrate that the microfluidic system is capable of isolating cells with high xylose assimilation rates from a population comprising cells with varying xylose uptake rates. Production phenotypes, however, are different in that the carbon flux is directed toward the desired product and need not be coupled to and may even be in Figure 4 Results from genomic DNA library screen. (a) Xylose consumption of strain H131-A31 with an empty plasmid (control), the W2 mutant and H131-A31 harboring the plasmid isolated from mutant W2 (retransformed W2). A statistical model using all time points was performed to show that both the W2 mutant and retransformed strains were statistically significantly different from the control (for both, P < 0.0001 using an F-test). The lines represent the average of the data points from the biological replicate experiments (n = 2). (b) XYLA gene construct in H131-A31, in plasmid from mutant W2 and in H131E-A31.
npg competition with growth. To demonstrate the ability of the system to also identify overproducing strains, we used it to enrich for a high l-lactate-producing E. coli strain. We used strains TG108 and TG113, which produce optically pure l-and d-lactate, respectively 31 . We transformed TG108 with the cloning vector pBR322 and TG113 with pACYC184 to allow for quantification of enrichment in sorted populations by selective plating. A comparison of shake flask fermentation characteristics shows that TG108 pBR322 and TG113 pACYC184 have similar growth profiles and lactate production as measured by high performance liquid chromatography (HPLC) (Fig. 5a,b) . The assay reaction uses lactate oxidase from Pediococcus sp. This enzyme was chosen because of its high selectivity for the l-isomer of lactate. Quantification of lactate in the shake flask fermentations using the enzymatic assay in a 384-well plate format confirmed this enantiomeric selectivity (Fig. 5a,b) .
We constructed two test libraries where the desired and undesired strains were TG108 pBR322 and TG113 pACYC184, respectively. As with the xylose enrichment experiment, the desired to undesired cell ratio was 1:1,000 and 1:10,000. These libraries were then screened for highly fluorescent droplets to identify ones containing l-lactate-producing cells. After two rounds of screening, the 1:1,000 population was enriched 775×, whereas three rounds of screening resulted in an enrichment of 5,800× for the 1:10,000× population (Fig. 5c) ; both of which meet the target final population ratio of 1:2.5. These results not only demonstrate the efficacy of our system for enrichment of a production phenotype but also the ability to distinguish between enantiomers.
DISCUSSION
Although others have demonstrated the use of microfluidic emulsion droplet technology to screen populations of cells, these previous applications have been limited to screening cells that have already completed their culturing process and that produce an analyte of interest physically connected to the cell by being either intracellular or membrane-bound 18, 32 . In these examples, the initial formation of droplets involved the addition of only assay reagents to determine the activity of the enzyme. This is very different from the detection of extracellular metabolite production or consumption. In this scenario, the culture and assay steps cannot be performed simultaneously because the time scale for production or consumption is much longer than the assay time, which is on the order of seconds or minutes. Thus, a separate step is necessary to culture each individual cell in its own droplet.
Here, we have described a system to measure extracellular metabolite secretion or consumption, which utilizes a microfluidic droplet maker to encapsulate cells and growth medium, a syringe for multi-day microaerobic culturing of collected droplets, and a second microfluidic device containing coalescence, delay line, detection and sorting modules. In this second device, the reagents to detect the analyte of interest are added to the droplets collected in the syringe; the assay reaction occurs while the droplets are in the delay lines; and droplets are sorted and collected based on resulting fluorescence. Combining multiple modules into a single microfluidic device was necessary because the assay incubation time was only 30 s. It was critical to ensure that the droplet order after coalescence was maintained through the detection step to ensure that, and the assay reaction time was constant for all droplets. Because there is additional complexity in this device, the correct timing of the droplet reinjection and assay droplet formation must be properly set to ensure that the incidence of both incorrect coalescence (e.g., combining one assay droplet with two cell-containing droplets) and sorting (e.g., undesired droplets into desired droplet output) was low.
The device we used had a throughput of 10 4 cells/h. Thus, in a 10-h screening experiment, 10 5 cells can be screened. Additional optimization, as well as a more controlled process for making the devices, could improve the throughput to 10 5 -10 6 cells/h. Also, as microfluidic devices are easily parallelizable owing to their small size, creating such a parallelized system could improve the throughput another two to three orders of magnitude (up to 10 9 cells/h).
This system has several advantages over other screening technologies. We described in Supplementary Note 6 how our method was more efficient than the traditional serial subculturing technique for identifying high xylose-consuming strains. Compared with automated colony pickers and liquid handling systems, our screening system has higher throughput even without additional optimization and uses fewer reagents, which may contribute to lower costs (Supplementary Note 7). Another advantage is the reduction of culturing space. As an example, distributing 10 4 clones, one clone per well, into 96-well plates would require 105 plates, which occupies a large amount of space; 10 8 clones would require 10 6 plates. We have demonstrated that culturing cells in a droplet matches the performance of culturing them in a shake flask. In contrast, static plates do not match a shaken system owing to the reliance of the system on diffusion to transfer nutrients to the cells. Using shaken plates further increases the footprint because, typically, deep-well plates are used and are also taller.
In addition to the microfluidic screening system, we also described a flexible assay for measuring various metabolites through the use of oxidase enzymes with horseradish peroxidase. The same basic system can be used for measuring different metabolites simply by exchanging 
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A r t i c l e s the oxidase enzyme. Thus, a metabolite such as xylitol can be detected using xylitol oxidase 33 . The number of metabolites compatible with this assay system could be increased further by coupling NADH oxidase with dehydrogenase enzymes. Moreover, the microfluidic screening system is not limited by these specific assays. In general, fluorescent assay measurements developed for plate-based measurements are readily transferable to this microfluidic droplet screening system.
Along with the improvements in the screening speed of this system, other capabilities can be added. Although we described only the use of yeast and bacteria, this system could be extended for use with other organisms, such as mammalian or insect cells. Although we grew cells for only up to 4 d without any issues, longer-term culturing in droplets can occur as long as the cells have sufficient nutrients and there is minimal evaporation inside the droplets. Additional nutrients, such as those used in a fed batch, could be added to the droplets through a microfluidic droplet coalescence module and incubation in a humidified incubator reduces the amount of evaporation. As our system is a series of microfluidic modules, a logical next step would be to integrate these with commercially available microfluidic systems for additional analysis. Although the system we have described is flexible and can be extended to other areas, the detection of the metabolite of interest must use either an enzymatic fluorescence assay or another assay that is compatible in a microfluidic droplet system. Another limitation is that the metabolite must also be miscible in water and not in the oil phase to ensure effective encapsulation.
Our system allows large libraries to be screened for a variety of applications in metabolic engineering. Furthermore, it could be extended for use in the fields of antibody lead identification and optimization, antibody production and other areas that benefit from the characterization of single clones. We have demonstrated that the system can isolate bacterial and yeast strains capable of overproducing or overconsuming secreted metabolites and can help identify the dominant mutations responsible for technologically important phenotypes.
METHODS
Methods and any associated references are available in the online version of the paper. (Sigma) and afterwards air was blown to remove the solution. The device was then baked at 65 °C to remove any remaining solution. When the device was placed on a hot plate at 80 °C, Indalloy 19 solder (52% In, 32.5% Bi, 16.5% Sn, 0.020 inch diameter wire from Indium Corporation) was placed in the electrode inlets and allowed to melt. Once the solder reached the outlets, 22 gauge wire was placed in the outlets to form an external electrical connection. All other devices used uncoated 2 inch × 3 inch Swiss Glass slides. Before using the microfluidic devices, the PDMS channel surface was made hydrophobic by injecting Aquapel (PPG) into the channels and then blowing air to remove the Aquapel.
Statistics.
For all experiments where statistical significance was stated, the sample size was denoted in each figure caption. Statistical models were used to test statistical significance for data sets with multiple time points. These data sets had biological replicates for each time point. Biological replicates were generated by using separate cultures. In the statistical models, the effect variables were time and the groups being compared (e.g., control and experiment group) and the response was the measured variable (e.g., xylose consumption). Statistical significance was denoted when P < 0.05 for the effect of the group variable. We also confirmed that the residuals had a normal distribution. The sample sizes were chosen to ensure that with a confidence interval of 95% and a statistical power of 0.80, we have sufficient statistical power to identify differences greater than three times the s.d. of the replicates when the number of replicates is greater than or equal to 2. The calculated P values and the equation used to calculate the sample sizes based on the statistical power are listed in Supplementary Note 8. 
